Morphological features such as size, shape and density of dendritic spines have been shown to reflect important synaptic functional attributes and potential for plasticity. Here we describe in detail a protocol for obtaining detailed morphometric analysis of spines using microinjection of fluorescent dyes, high-resolution confocal microscopy, deconvolution and image analysis with neuronstudio. recent technical advancements include better preservation of tissue, resulting in prolonged ability to microinject, and algorithmic improvements that compensate for the residual z-smear inherent in all optical imaging. confocal imaging parameters were probed systematically to identify both optimal resolution and the highest efficiency. When combined, our methods yield size and density measurements comparable to serial section transmission electron microscopy in a fraction of the time. an experiment containing three experimental groups with eight subjects each can take as little as 1 month if optimized for speed, or approximately 4-5 months if the highest resolution and morphometric detail is sought. 
IntroDuctIon
Spines are submicron-sized protrusions from dendritic branches, and they constitute the main sites of excitatory synaptic transmission in the brain. Time-lapse imaging in vivo has revealed that spines are, and remain throughout adulthood, highly motile structures (for reviews see refs. 1,2). Changes in size, shape and number of spines have been found in response to a large number of stimuli, such as electrophysiological manipulations, learning, sensory enrichment or deprivation, and numerous disease models (for reviews see refs. [2] [3] [4] [5] [6] [7] [8] . For two decades, our laboratory has explored changes in spine size and number in animal models of stress, aging and menopause, using single-cell microinjections. In recent collaborative work, we have also explored spine changes in models of fear conditioning, depression and addiction.
Our first study using single-cell microinjections with Lucifer yellow was published in 1990 (ref. 9) . At the time, our protocol was in its infancy and our analysis was restricted to neuronal morphology. Over the following decade and a half we slowly built on this technique to incorporate dendritic density quantification by marking spines in manual 3D reconstructions of neurons under epifluorescence [10] [11] [12] . Deconvolution (Box 1) was added to our protocol as we began to obtain high-resolution confocal z-stacks 13 , and our first spine size data were obtained using painstaking manual measurements of the head diameters and neck lengths of over 25,000 spines 14, 15 . In 2008, after a longstanding collaboration with a computational group dedicated to the development of automated spine analysis techniques, we published our first study using NeuronStudio to semiautomatically quantify spine density and morphology 16 . Most recently, using the complete protocol described here, the quality of our morphometric data allowed us to parcel out an incredibly detailed view of the aging process in the prefrontal cortex of monkeys, where we found a selective loss of thin spines 17 . We further showed that the remaining thin spines are, on average, bigger than the population of thin spines in young animals, potentially reflecting a loss of spine turnover, which has been shown to decrease in rodent aging cortex by two-photon time-lapse imaging 18 . Most interestingly, the mean volume of the remaining thin spines was highly significantly correlated with the cognitive status of the animal, whereas the volume of the unchanged mushroom spines (spines with a head diameter greater than 0.6 ìm) showed no correlation to any behavioral index 17 . Thus far, in our laboratory and in collaboration with other groups 16, [19] [20] [21] , we have used the current protocol in animal models ranging from rodent to monkey, and we have studied brain areas as diverse as the prefrontal cortex, hippocampus, amygdala and nucleus accumbens. All models and regions we have tried so far have been amenable to microinjection. However, it is conceivable that areas we do not have any experience with, such as the brain stem and spinal cord, might not be amenable to microinjection.
The reliability and validity of this protocol can also be construed from the various other groups around the world who have published spine density and size data after microinjections with dyes such as Lucifer yellow 22 , Alexa 488 (ref. 23 ) and Alexa 594 (refs. 24-26) . Notably, the parallel development of similar protocols in other laboratories points to a great degree of versatility in the necessary equipment. Confocal microscopes previously used range from Zeiss (in our own work, refs. 14-17 and 19-21) and Olympus 23 , to Leica [24] [25] [26] and BioRad
22
; objectives used range from ×100 oil-immersion lenses with NA 1. 4 (refs. 17 and 22) to a ×63 water-immersion lens with NA 1.2 (ref. 23 ) and a ×63 glycerol-immersion lens with NA 1.3 (refs. 24-26) . Most commonly, 3D spine density data have previously been acquired by manual tracing of dendrites combined with marking of spines as they appear into view using software such as Imaris 22 , NeuroLucida [24] [25] [26] or Metamorph 23 , whereas spine size data have been acquired with manual identification of spines followed by semi-automatic measurements using software such as Metamorph 23 or Imaris 22, [24] [25] [26] .
Box 1 | (CoNTINUEd)
uncertainty due to the quantum nature of light: Shot noise. In a high quality, well-aligned confocal microscope, the only noteworthy source of noise is that arising from the stochastic nature of photons. When the sample is really bright this is not an issue; however, when high gains are necessary to reach dynamic range (only a few pixels of minimum intensity and a few pixels of maximum intensity), this becomes detrimental to image quality. At a gain of 500 V, a fully saturated pixel represents about 2,000 photons, whereas at 1,000 V only about 11 photons are needed to reach saturation 51 . Because of the quantal nature of light, the number of detected photons during a particular time interval varies around a mean and exhibits Poisson statistics, similar to a coin-toss experiment. Because in Poisson statistics the mean is equal to the variance, the lower the sample size the more uncertainty exists about the outcome. Getting three heads out of ten coin tosses does not necessarily mean that the coin is unfair, but getting 300 heads out of 1,000 tosses will make anybody suspicious; yet in both cases there is an average outcome of 30% heads.
To quantify the shot noise in our system, which is defined as the standard deviation of the fluctuations in photon number, we used the root mean squared deviation (RMSD) between adjacent pixels along the dendrite, calculated as follows:
where x 1i and x 2i are adjacent voxels and n is the total number of consecutive pixels analyzed. As illustrated by both images and plots in the figure below, there is a significant increase in the fluctuation of the gray scale intensity along the dendrite when the gain is increased (achieved here experimentally by decreasing the power of the laser). The poor image quality when the shot noise is high is a serious problem when deciding what is and what is not a spine, both for the experimenter doing manual counts and for NeuronStudio. Therefore, all measures should be taken to maximize the brightness of the sample, which is the main method to reduce the shot noise in the final image. If imaging a weakly stained neurite cannot be avoided, then methods that increase photon counting should be used, such as increasing averaging and using longer scan times.
spherical aberrations:
Spherical aberrations result from differences in refraction and reflection of light rays striking the center versus periphery of an object when light travels through a spherical lens. In confocal microscopy, these spherical aberrations can be amplified by several factors that the experimenter has control over (discussed below). In a nutshell, as a result of spherical aberrations, objects deep within the tissue (and therefore far from the cover slip) will both appear less bright and be more blurred relative to objects closer to the cover slip. Because dendrites are found at varying focal depths, this can potentially lead to systematic bias of spine size data.
For the purpose of this protocol, we will restrict our discussion to narrowly defining spherical aberrations as resulting from one of two common mistakes: the use of the wrong cover slip thickness and mismatches in the refractive index (RI) of the immersion versus mounting medium. However, it should be noted that some amount of spherical aberration is inherent to all objective types and a careful examination of the distortion under optimal conditions in your own system is very important for the determination of the range of depths at which dendrites should be imaged (see Experimental design). Cover slip thickness. All major microscope manufacturers (e.g., Zeiss, Olympus, Nikon and Leica) exclusively produce objectives that are designed to be used with 170-µm-thick cover slips, which correspond to a no. 1.5 cover slip size. In spite of this, no. 1 cover slips are the most widely sold type (~150 µm thick), followed closely by no. 2 cover slips (~220 µm thick). When imaging at or near the resolution limit, the use of the wrong cover slip size will render the data uninterpretable because of large effects on both the PSF 52 and on spherical aberrations 49 . Notably, even cover slips that are sold as no. 1.5 can vary by more than 10 µm from their nominal value, which can still introduce large and fluctuating spherical aberrations into the data set. One solution is to use a commercially available electromechanical micrometer to measure each cover slip before use and discard all cover slips found to deviate by more than a few microns from 170 µm. Another solution is to restrict the cover slip choice to Zeiss no. 1.5 cover slips (part no. 474030-9000), which are proposed to be the most precise in terms of their adherence to the nominal thickness. z-smear correction for accurate spine volumetric data The crucial component that revolutionized our ability to conduct high-throughput, high-resolution analysis of dendritic spines has been the computational innovation that led to automated spinedetection algorithms. Our laboratory currently exclusively uses NeuronStudio 27, 28 , which is available for free download at http:// research.mssm.edu/cnic/tools-ns.html. This program uses Rayburst sampling, which very precisely identifies and measures the volume of objects from z-stacks by casting a large number of 'rays' from the center of mass of a 3D object to its surface 27, 28 . This results in pyramids of volume (space contained between three adjacent rays), which are then used to precisely compute the volume and surface area of the object, irrespective of its shape. However, although the Rayburst algorithm accurately describes the volume of the spines in an image, it does not accurately describe the volume of the original spine, as one of the major drawbacks of confocal microscopy is a smear in the z-direction (Box 1).
Therefore, in order to circumvent this problem, we recently added a new function in NeuronStudio to mathematically compensate for the optical z-smear. A correction factor is first computed heuristically by obtaining the ratio of the xy diameter of the dendrite to the diameter of the same branch in the z axis, adjusting for branch angle. The correction factor is then applied to the z-component of each ray used to calculate the Rayburst volume, effectively removing the z-smear without affecting the shape or xy spread of the object. To illustrate, correcting the z-smear for the fluorescent bead from Box 1 would force the axial full width at half-maximum (FWHM) to 180 nm (i.e., matching the axial diameter to the lateral one), which would result in a new minimum resolvable volume of 0.003 µm 3 . Figure 1a shows the two-step resolution enhancement in our protocol, first by deconvolution with AutoDeblur, which improves resolution laterally as well as axially, and second by z-smear correction in NeuronStudio, which further adjusts the axial resolution with no effect laterally. For the ten spines shown in Figure 1b , the average spine head volume is 0.104 ± 0.015 µm 3 in the raw confocal image, 0.053 ± 0.006 µm 3 in the deconvolved image and 0.032 ± 0.003 µm 3 following z-smear correction (paired t test, P < 0.001 for all comparisons). In a separate study of 114 spines from 7 dendrites, the z-smear correction reduced the spine head volume by 35 ± 1% (volume mean = 0.053 ± 0.003 µm 3 without correction versus mean = 0.034 ± 0.002 µm 3 with correction, data not shown). The percent decrease in volume varied a great deal among the spines, ranging from 14% to 78%; this resulted from the fact that the correction is applied to the individual rays in the Rayburst rather than globally applied. This allows the algorithm to maintain shapes (e.g., if a mushroom spine is ovoid it remains ovoid even after the correction) and to ensure that other distances are not distorted; thus, neither dendritic length, spine head diameter, nor maximum spine length are affected by the z-smear correction (data not shown).
Box 1 | (CoNTINUEd)
RI mismatches. Each objective has a technical specification as to the immersion medium that it was designed for, i.e., oil, water, air or glycerol (although multi-immersion objectives also exist). Consequently, an oil objective, for example, will only function ideally when all light going though it travels via medium that is of the same RI as oil (1.52) . As the RI of the glass of the cover slip is also 1.52, in the case of oil objectives the problem begins at the interface between the cover slip and the mounting medium. Mounting media with RIs close to 1.52 exist (e.g., DPX), but these usually require dehydration of the tissue, which is not desirable when precise size measurements will be attempted. For a variety of reasons, we have chosen VectaShield mounting medium with an RI of 1.46, which therefore will result in an increase in spherical aberrations. Whatever your objective may be, it is imperative that you try to match the RI of the immersion medium, cover slip and mounting medium to the specifications of the objectives as closely as possible (for example, use a 'Cytop'-a new type of cover slip with a RI of 1.34-with a water immersion objective). Unfortunately, it should be noted that even in cases in which the RIs of the media are matched perfectly, spherical aberrations will still exist, resulting from refractive differences in the specimen itself 49 ; for example, the RI of brain matter ranges from 1.40 to 1.47. Therefore, empirical determination of the magnitude of spherical aberrations in your setup and preparation is imperative in order to make an informed decision about the range of depths at which to image spines at high resolution (see Experimental design). Note that, although the deconvolution improves both the lateral as well as the axial resolution, the z-smear correction is exclusively aimed at the axial distortion that remains even after optimal deconvolution. (b) The two-step improvement in the 3D resolution is plotted for ten spines (various colors) and their group average (black line). There is a 49% reduction in volume by deconvolution and a further 40% improvement by the z-smear correction (paired t test, P < 0.001 for each step). Put another way, a spine in a raw confocal stack is, on average, 226% bigger than its actual volume (range 77-294% for the ten spines shown here). Animal use in this experiment was conducted with strict adherence to our Institutional Animal Care and Use Committee. 
Alternatives to microinjection
The most widely used technique for fast identification of cellular morphology throughout the past century has been the Golgi stain. However-although still widely used-this method only allows for 2D counts of spines. Constraints in the z-resolution in widefield microscopy result in the detection of only about one-third of spines, with the remaining protrusions, located above or below their dendrite of origin, obscured. In addition, it is difficult to use the Golgi stain to extract accurate measurements of spine size. The advent of confocal microscopy in the mid-twentieth century made it possible to resolve 3D objects at the light level by the addition of a pinhole that rejects out-of-focus light. Since then, various methods of staining cells for confocal imaging have been used in addition to microinjection, such as transgenic or viral delivery of fluorescent proteins 29 and diolistics [30] [31] [32] . Diolistics is traditionally viewed as being the easiest method to set up and perform. However, this technique results in very few complete, resolvable, individual neurons, due to a high degree of truncated neuronal segments and background staining. In addition, the diolistics method is hard to combine with systematic studies of specific subpopulations of cells. Intracellular injections, on the other hand, can target very precise elements of circuits based on molecular attributes (e.g., transgenic mice expressing GFP in particular cell types 19 ) or connectivity (e.g., using retrogradely labeled cells 10, 33 ).
Alternatives to confocal microscopy
The confocal system offers the highest resolution in diffractionlimited microscopy. However, in the past decade, several new approaches have broken past the barrier of diffraction. Collectively known as 'super-resolution,' some of these methods have realized resolutions on the order of nanometers; they include the following: structured illumination microscopy (SIM), stimulated emission depletion (STED), total internal reflection (TIRF), stochastic optical reconstruction microscopy (STORM) and photoactivated localization microscopy (PALM). A detailed discussion of these methods is beyond the scope of our protocol, but is available elsewhere 34 . Although these methods are noteworthy in that they offer the likely possibility of achieving results that are superior to those obtained by confocal microscope with respect to the morphometric characterization of dendritic spines, they are at present neither widely available nor reasonably priced. In addition, there are more subtle disadvantages that should be considered before deciding on acquiring such a system for the purpose of imaging dendritic spines. TIRF, for example, can only image the first 200 nm below the cover slip, rendering it useless in the setting of neuronal morphology. SIM, STED, STEM and PALM require considerably longer acquisition times than those necessary in confocal microscopy. In a recent study using STED microscopy to observe spines 35 , pixel dwell time was reported to be 0.5-1 ms, which is up to ×1,000 slower than what we recommend in our protocol. Therefore, although super-resolution technology is enormously valuable in certain settings, such as subcellular localization of proteins 35 , it is at present unclear what role it will have in morphometric analysis of dendritic spines.
Alternatives to NeuronStudio
To the best of our knowledge, the approach we use with NeuronStudio 27, 28 , including the addition of a z-smear correction, is the first to yield truly accurate spine volumetric measurements using fluorescent microscopy. However, in the past decade, several other programs aimed at automated spine identification have been developed (for review see ref. 36) , with Imaris Filament Tracer (Bitplane) offering one of the leading commercially available alternatives 30 . However, to our knowledge, no other software has obtained data that are as closely correlated with serial section transmission electron microscopy (ssTEM) as NeuronStudio. For example, Imaris Filament Tracer suffers from the serious disadvantage of not having a way to define the spine head. As a result, the suggested alternative of spine terminal point volume grossly underestimates the true spine volume. Although we have never used Imaris Filament in our own work, we briefly tested it on data from one animal in order to compare and contrast (animal 2 from ANTICIPATED RESULTS and Supplementary Fig. 1 ). The mean volume measured by NeuronStudio was 0.042 ± 0.002 µm 3 , compared with 0.019 ± 0.002 µm 3 measured by Imaris Filament (data not shown). This discrepancy is not merely a reflection of a scale-down in volumetric estimation, as normalizing the data still led to a significant difference in the distribution of head volumes (Kolmogorov-Smirnov test, P = 2 × 10 − 25 , data not shown). Rather, it arises from the fact that in contrast to NeuronStudio, which uses the Rayburst algorithm to measure the entire extent of a spine head regardless of shape, Imaris Filament measures the minimum diameter of the terminal point and then computes the volume by simply plugging in this diameter into the formula for the volume of a sphere. As a result, Imaris Filament misses a great deal of the variability in volume that results from the biological diversity in spine shape, and this is reflected by a marked difference in the variance of the data obtained with the two programs (0.0016 µm 6 for Imaris versus 0.0031 µm 6 for NeuronStudio, data not shown). The limitation described above pertains specifically to spine volumetric data, as our results in terms of spine density did not differ significantly between Imaris Filament and NeuronStudio; furthermore, in light of our admittedly limited experience with software other than NeuronStudio, the comparison is not meant to be comprehensive. Rather, we suggest to the reader that a very careful analysis of potentially suitable software should be done before choosing one, and that methods outlined in this protocol will provide an excellent platform for evaluating any such software.
Strengths and limitations of the protocol
At present, the most detailed anatomical measures of spines are performed with ssTEM. Although ssTEM offers an unparalleled look at connectomics 37 , this is an exceedingly demanding and timeconsuming technique, which has the additional limitation of being difficult to use when identification of specific subpopulations of neurons is desirable. Microinjection followed by high-resolution confocal microscopy and post hoc image analysis yields spine morphometric data in a fraction of the time. Furthermore, we now show that our protocol not only yields accurate 3D spine density counts, but-remarkably-also correctly captures spine head volumes (see ANTICIPATED RESULTS). Although on an individual spine basis the precision of the volumetric measurement will remain uncertain until the same spines are imaged at both the light level and by ssTEM, the accuracy of averages and distributions derived from large data sets using the methods described in this protocol can comfortably be inferred based on the consistency of our data with previous results from the literature (see ANTICIPATED RESULTS).
The main limitation of this protocol is that the results are restricted to anatomy. Thus, in contrast with studies using ssTEM, microinjection and fluorescent microscopy cannot, for example, confirm or deny the presence of a synapse. However, because most excitatory synapses in the brain occur on dendritic spines and because the vast majority of spines have been shown to have presynaptic partners 38 , the quantification of these structures is highly relevant to brain circuitry. Of particular relevance to the present protocol is the evidence showing that spine volume is tightly correlated with postsynaptic density size and number of AMPA receptors, which ultimately implies that spine volume reflects synaptic strength 6, 39, 40 . In addition, spine head volume has been linked to relative plasticity and stability of spines in the context of cognitive performance 2, 17 . The totality of structural findings from our work and others ultimately leads to a concept that has gained recent popularity 4, 41 : namely, spine size can be thought of as a snapshot in time from which one can deduce something about the history of the circuit and its potential for future plasticity. As our data suggest, we can now use microinjection and confocal microscopy to evaluate synaptic plasticity in fixed tissue.
Experimental design
Tissue storage. One of the biggest drawbacks of microinjection has, until recently, been the short time window during which the tissue is amenable to microinjection. Within 1-2 weeks, tissue degradation begins to render cells unloadable, as evidenced by increasing leakage of dye and an inability to fill cells to their tips. This places a major constraint on the number of animals that can be included in a single experiment. We recently discovered, however, that adding 0.1% (wt/vol) sodium azide to the phosphate buffer (PB) can substantially prolong or even remove this time window. Figure 2a shows an example of two sections from the same animal, loaded and imaged 9 months apart. Our analysis of spine density (Fig. 2b) , spine subtypes (Fig. 2c) and spine size (Fig. 2d) , all indicated that there is no difference between the spines obtained with microinjection immediately after perfusion and microinjection following prolonged storage. Because we serendipitously had monkey sections stored in PB with sodium azide at 4 °C from previous experiments, we were able to test even longer storage times and we successfully loaded tissue perfused up to 7 years prior. The removal of the time window for microinjection gives the experimenter additional to unlimited time to inject enough cells, and allows for going back to animals that are deemed important following the completion of other types of analysis (e.g., biochemistry, blood work, imaging or behavior). It should be noted, however, that prolonged storage only works well for well-perfused tissue. Therefore, prior to designing an experiment, it is vital that the perfusion steps (Steps 2-6) are practiced until good tissue can be consistently obtained. Light fixations of less than an overnight in postfixation might also not be amenable for storing. If light fixation is desired, we recommend a pilot study to look at the effects of long-term storage.
Sampling. All efforts should be made to obtain an unbiased sampling of spines. Picking the 'best' spot should be avoided by creating very clear rules for choosing segments. Two such rules that we have used in the past are: (i) drawing concentric circles at known distances from the cell body (e.g., 60, 120 and 180 µm) and imaging all dendritic segments intersecting with the circles (e.g., in neocortex and nucleus accumbens); and (ii) drawing lines at specific distances from the cell body layer (e.g., in the CA1 region of the hippocampus) or the pia (e.g., in neocortex) and imaging all dendrites intersecting with the lines.
Additionally, we image only dendrites that are parallel with the section (because the time required to image dendrites that are transverse increases exponentially), avoid bifurcations, avoid the first and last 10% of dendritic segments and avoid large fluctuations in the dendritic diameter (as illustrated in Box 2, where we show a significant correlation between the dendrite diameter and spine density in rat CA1).
In light of the large variability in spine density and spine size that we have observed in several models (see ANTICIPATED RESULTS), we recommend sampling 5-10 animals per experimental group, 5-10 cells per animal and 5-8 segments per cell. If analysis will be done to observe differences between different cellular compartments, e.g., apical versus basal dendrites or proximal versus distal, it should be ensured that a minimum of 15 dendrites from each compartment are imaged. Statistics should be done by first averaging the dendrites from a cell and then averaging the cells in an animal; this should be followed by averaging the animals in a group.
Range of depths appropriate for imaging. As outlined in Box 1, spherical aberrations can, at times, put severe limitations on the depths at which it is appropriate and/or feasible to image at high resolution. To test the effects of spherical aberrations in our system, we imaged 17 dendrites located at depths between 10 and 80 µm below the cover slip from two neighboring cells in monkey prefrontal cortex microinjected with Lucifer yellow (Fig. 3) . As expected, the gains necessary to reach dynamic range increased steadily at increasing focal depths, and beyond about 80 µm it became unfeasible to image as a result of loss of intensity (see gains necessary to image each dendrite in Fig. 3a) . We then conducted fully automated NeuronStudio analysis on the raw confocal z-stacks in order to evaluate the effect of spherical aberrations on 2D (spine head diameter) and 3D (spine head volume) resolution as applicable to our model, and found a significant-albeit small-blurring effect as a function of distance from the cover slip (Fig. 3b, top graphs) . Conducting the same analysis on deconvolved images showed that deconvolution can compensate for the blurring in 2D but not 3D (Fig. 3b, middle graphs) . Interestingly, when adding the z-smear correction function to the deconvolved images, the effect of spherical aberrations in 3D also disappears (Fig. 3b , bottom graphs). There was also no effect on spine density as a function of focal depth (Pearson's correlation, P = 0.61, data not shown).
Box 2 | CALCULATING SPINE dENSITY PER UNIT SURFACE AREA
The large range in spine density in the male rat CA1 observed by us and others should be considered in the design and interpretation of results containing small sample sizes. As the range within individual animals can be more than twofold, an underpowered study comparing different experimental groups can easily result in false positives. This is of particular importance in studies in which it is not easily discernable what dendritic subcompartment is being imaged, which is often the case with diolistics, viral transfection and other methods in which background is high and only a limited number of dendritic segments can be obtained. To evaluate whether the large variability in spine density could be compensated for in the final analysis, we looked at the correlation between spine density and dendritic diameter, noting that the beginning of neurites are on average thicker than the tips. Indeed, we found a very strong correlation (Pearson's R = 0.74, P = 6 × 10
; see left-hand graph in the figure below), which led us to consider the effects of looking at the spine density per unit area rather than per unit length. For each dendrite, we computed its surface area by assuming it to be a cylinder and using the formula 2πr 2 + 2πrh, where r is the mean radius of the dendrite (as reported by NeuronStudio) and h is the length. We then computed the density per unit area of each segment by dividing the number of spines by the surface area. This resulted in a much smaller range of values (mean 2.78 ± 0.09 spines per µm 2 , range 2.12-3.79 spines per µm 2 ), perhaps indicating that spine number is scaled to the local amount of plasma membrane, and eliminated the difference between dendritic compartments (see right-hand graph in the figure below; P > 0.6 for all group comparisons). These data suggest that density per unit area of dendrite could be a useful normalization technique for underpowered studies, at least for the rat CA1 region. the XZ views of a subset of neurites following deconvolution, placed at the anatomically correct depth from the cover slip. The arrows point to the position and focal depth of the soma of each cell. The numbers next to each dendrite represent the gain necessary to image at full dynamic range. Beyond a focal depth of about 80 µm, the drop-off in intensity made it unfeasible to continue imaging as gains above 800 V would have been necessary, leading to poor image quality. Scale bar, 5 µm. (b) Fully automatic NeuronStudio quantification of spine head diameter and spine head volume was performed on the same ~400 spines in raw confocal z-stacks (top), deconvolved z-stacks (middle) and using z-smear correction on deconvolved z-stacks (bottom). Pearson's correlations were used to evaluate the blurring effect as a function of focal depth. Spherical aberration has a significant effect on both 2D and 3D resolution in raw images (top). Deconvolution is able to compensate for the effect on 2D but not 3D resolution (middle). However, z-smear correction extends the compensation to 3D resolution as well (bottom). All correlations were also run for the spines of each cell individually yielding very similar results (data not shown). Therefore, in our system and preparation, and using our post hoc analysis techniques, the effect of spherical aberrations can be ignored at least up to a focal depth of 80 µm. Animal use in this experiment was conducted with strict adherence to our Institutional Animal Care and Use Committee guidelines. In light of these data, we routinely image spines at focal depths of up to 80 µm. However, we want to caution the reader that results could be very different in other systems and with other immersion and mounting medium. The amount of spherical aberration and the ability of deconvolution and z-smear correction to compensate for it should be carefully evaluated in your specific setup and preparation prior to deciding on the appropriate range of depths at which dendrites can and should be imaged.
Imaging parameters. The choice of imaging parameters will be based on experimental priority, quality of the material, the fluorophore used and the available confocal system. Although we offer a guide for how to choose parameters, please note that confocal systems and microscope optics differ quite a bit and we strongly recommend using our analysis below as a protocol for exploring your own system rather than as an absolute reference. Table 1 contains examples of two different sets of parameters that we have used with our system, one designed for fast acquisition and the other designed for the highest resolution that we can obtain with our confocal microscope (see ANTICIPATED RESULTS for examples of data that we have obtained with each of the two sets of parameters). In general, if the main interest is in spine density and relative size, very fast imaging can be used; in contrast, if accurate spine morphology is needed, slower imaging should be used. No matter what the choice is, the same imaging parameters must be used for the entire study. In addition, all dendrites should be imaged at their dynamic range, meaning that the gain and offset should be adjusted such that in the final image only a few pixels are fully black (0 intensity) and only a few pixels, preferably in the dendrite and not the spines, are fully white (maximum intensity, e.g., 255 in an 8-bit image). Figure 4 offers an overview of the effect on resolution in 2D (spine head diameter), resolution in 3D (spine head volume) and shot noise contributed by each imaging parameter in our system. The same spines were serially imaged while systematically changing the individual parameters. The data displayed in Figure 4 is from rat CA1 dendritic segments. However, all experiments were also duplicated in monkey prefrontal cortex (where spines have on average 3-4 times bigger head volumes) yielding very similar results (data not shown).
Gain. Gain is the voltage applied in the photomultiplier of the confocal detector in order to amplify the signal. A photon reaching the photomultiplier is first converted into an electron and then at each of a number of steps amplified by a factor dependent on the voltage. The final number of electrons reaching the detector is then converted into a grayscale intensity value for the image. Gain is therefore a double-edged sword. On the one hand, higher gain is useful in allowing for identification of very dim samples. On the other hand, at higher gains, less photons are represented in the final image and therefore the image is of much poorer quality because of the increase in shot noise (Box 1). The size of both spine head diameters and spine head volumes begin to show distortion at gains above 900 and 800 V, respectively, due to the inability of the deconvolution to fully compensate for the increase in shot noise (see Fig. 4a , columns iii-v). The low signal-to-noise ratio at high gains also causes higher uncertainty in both automatic and manual spine detection. Furthermore, when high gains are needed to reach dynamic range, indicating that very low amounts of dye have filled the dendrite, it is conceivable that the thinnest spines have not been filled at all and therefore will not be included in the analysis. Even though image quality can be improved with various methods that increase photon counting, such as averaging and slower scan speeds, in practice, a good rule of thumb is to avoid imaging dendrites that need gains above 750 V to reach dynamic range. The necessary gain is mainly affected by four variables that the experimenter has control over: concentration of fluorophore (i.e., quality of microinjection), photons emitted per fluorophore molecule (e.g., Alexa Fluor dyes are brighter than Lucifer yellow), mounting medium (needs to contain antifade agent to protect fluorophore) and output power of excitation laser. Optimizing these parameters as outlined in this protocol has resulted in gains of 500-750 V for all our experiments, in multiple animal models (mouse, rat and monkey) and many different brain regions (hippocampus, prefrontal cortex, intraparietal sulcus, amygdala and nucleus accumbens).
Averaging. As a consequence of the Poisson statistics of photons, shot noise (Box 1) decreases proportionally to the square root of the number of frames averaged (the red line in Fig. 4b , column v represents the theoretical decrease in noise). However, averages of more than four frames result in poorer image quality following deconvolution (the dotted line in Fig. 4b, column v) .
Scanning speed. For well-loaded material, the speed of the scanning system is the least important parameter (Fig. 4c) . Speeds between 1 and 3 µs per pixel are sufficient for most applications.
Pinhole. Decreasing the pinhole below the default setting of 1 airy unit (AU) can markedly improve resolution (theoretically by up to 30% when pinhole < 0.25 AU). Spine heads imaged with a pinhole setting of 0.5 AU have 6% smaller diameters (P < 1 × 10 − 6 , paired t test, Fig. 4d , column iii) and 17% smaller volumes (P < 1 × 10 − 5 , paired t test, Fig. 4d , column iv) than when imaged with a 1 AU pinhole. However, as the pinhole is decreased, less light reaches the Overview of two sets of parameters optimized for either speed or resolution in our confocal system. These parameters have been used for imaging Lucifer yellow-filled cells with our Zeiss LSM 510 using an oil-immersion ×100 1.4 NA objective and a 458-nm, 30-mW argon laser. Please note that these parameters cannot merely be applied to other systems, but rather are meant to serve as examples of successful application of the imaging principles described in this protocol. (a-g) Each parameter was varied in a stepwise manner and images of the same dendritic segment were acquired serially. We did experiments in both rat CA1 as well as in monkey prefrontal cortex, with both animal models yielding highly consistent results for all parameters, despite the large difference in spine size (monkey prefrontal cortex spines have heads that are 3-4 times bigger in volume). Unless otherwise specifically varied, all imaging was done at full dynamic range with 50 × 50 × 50 nm voxels, an average of four frames, a speed of 2 µs per pixel and a pinhole of 1 AU. Column i provides an overview of how each parameter influences the delicate balance between efficiency and resolution. Examples of serially imaged spines are shown in column ii. All images in column ii (except d, column ii) were chosen from monkey prefrontal cortex, where the lower spine density allows for easier visualization of individual spines. Spine head diameter and spine head volume was evaluated as a function of parameter only for spines automatically detected by NeuronStudio. Each color line in columns iii and iv represents a single spine from rat CA1, whereas the black lines represent the group averages. Shot noise, column v, was quantified in 2D images of dendrites using root mean square difference (RMSD) of grayscale intensity in consecutive pixels (see box 1). In columns iii and v, the y scale was kept the same for easier comparison across experiments; this could not be done for column iv because of the large variability in volume resulting from changes in the sampling parameters. (a) Gain has the biggest effect on shot noise (column v) and begins to affect both the head diameter (column iii) and the head volume (column iv) above ~800 V. All efforts should be made to optimize the microinjection technique so that images used for analysis have gains below ~750 V. (b) Averaging does not have an important effect on head diameter (column iii) and volume (column iv). In accordance with Poisson statistics, shot noise decreases proportionally to the square root of the number of frames averaged (column v, red dotted line = theoretical decrease using Poisson statistics). However, averages of more than four frames are superfluous, and can negatively impact image quality if deconvolution is used (column v, black dotted line). (c) In good-quality images of gains below 750 V, imaging speed has the least important role on 2D resolution (column iii), 3D resolution (column iv) and shot noise (column v). (d) Decreasing the pinhole diameter can increase the resolution (columns iii,iv), but is not practical unless extremely bright samples are used. This is because when the pinhole aperture is minimized, less photons make it from the sample to the detector, which increases shot noise (column v). For low-gain applications ( < 500 V at 1 AU) such as the DAPI-stained epithelial nucleus shown in column ii, decreasing the pinhole diameter to 0.25 AU can improve resolution by 30%. (e) Oversampling in the xy dimension increases the 2D resolution (column iii), but decreases the 3D resolution (column iv) if the size of the z-step is kept the same, as was done here. This is due to the loss of voxel cubicity. Importantly, note that oversampling is actually a necessity for deconvolution to be capable of improving contrast (column v). (f) The use of cubic voxels is ideal for all applications in which imaging is followed by highly mathematical image analysis. The improvement in 2D resolution as a function of oversampling (column iii) is now matched by a similar increase in 3D resolution (column iv). Also note that when the z-step is matched to the oversampling in the XY-dimension, deconvolution improves the contrast even more markedly in response to decreasing voxel size (compare column v in e and f, where the only difference is in z-step). (g) Although cubic voxels are decidedly the best for 3D resolution, keeping the z-step close to the Nyquist optimal size can greatly speed up imaging without a change in 2D resolution (column iii). Furthermore, the spine head volumes change linearly as a function of z-step size (column iv). This results in 'volume scaling', i.e., a tight correlation between individual spines' head volumes at, e.g., 50 versus 350 nm z-step sizes (column v). Consequently, although volumes measured from stacks with large step sizes are not accurate, meaningful comparisons among spines can still be made. Animal use in this experiment was conducted with strict adherence to our Institutional Animal Care and Use Committee guidelines.
detector, and therefore higher gains are needed, ultimately resulting in increased shot noise (Fig. 4d, column v) . Therefore, for most applications, changing the pinhole is not feasible. However, when starting with very good material (gains at or below gain 600 V at 1 AU), the pinhole can be decreased to about 0.75 AU.
XY sampling. The Nyquist sampling theorem is the most commonly used criterion for choosing the dimensions of a voxel in imaging. According to this theorem, optimal sampling is achieved when using voxel sizes of half the smallest resolvable object. This is generally considered to be 100 nm. However, when resolution is of crucial importance and deconvolution is used to remove the effects of the point spread function (PSF; see Box 1), oversampling is essential. As shown in Figure 4e (column v), oversampling by a minimum of about a factor of 2 (50 × 50 nm voxels) is necessary for deconvolution to be able to compute accurately the PSF and improve image quality. Furthermore, spine head diameter decreases by 12% (P < 1 × 10 − 3 , paired t test, Fig. 4e , column iii) when oversampling by a factor of 3, i.e., using a voxel size of 33 × 33 nm, as compared with sampling according to Nyquist theorem. The resolution of the volume, however, decreases markedly when the XY voxel dimension is decreased while the z-step (axial voxel dimension) is maintained constant (Fig. 4e, column iv) . This is a result of loss of cubicity.
Cubic voxels. Although the PSF in a confocal microscope is ovoid (with an axial smear), cubic voxels confer the ideal sampling for most algorithms that are used post hoc on the data, such as deconvolution and spine detection with NeuronStudio. The mathematical reasons for this are beyond the scope of our discussion here, but note that when the XY oversampling is matched by progressively decreasing the step size to maintain cubic voxels, a 10% improvement in 2D resolution (P < 1 × 10 − 4 , paired t test, Fig. 4f , column iii) with an oversampling of 2.5 (40 × 40 nm voxel) can be matched by a 13% improvement in 3D resolution (P = 0.02, paired t test, Fig. 4f, column iv) . The voxel dimension of 40 × 40 × 40 nm is the smallest cubic voxel that can be used with the AutoDeblur deconvolution software. In practice, because there is no difference in either 2D (P = 0.3, paired t-test) or 3D (P = 0.9, paired t test) resolution between a voxel of 40 × 40 × 40 nm and a voxel of 50 × 50 × 50 nm, we consider the latter to be our optimal sampling dimension.
z-step. The optimal sampling in the z direction, as computed by Nyquist theorem, is a step size of ~50 nm. In practice this yields very fast images with unaffected 2D resolution (Fig. 4g, column  iii) , but very poor 3D resolution (Fig. 4g, column iv) , due to the high asymmetry between the xy and xz dimensions of the voxels. As shown above, in order to achieve optimal 3D resolution, step sizes on the order of 50 nm are necessary (to match the xy optimal dimensions and create cubic voxels), resulting in an 80% improvement in resolution (80% decrease in spine head volume between a 350-nm and a 50-nm step size, P < 1 × 10 − 6 , paired t test, Fig. 4g , column iv). If speed is a primary objective in the experimental design, you should use a step size close to that computed by Nyquist. The time saved by using a step size of 350 versus 50 nm is sevenfold, yet both the spine density (see ANTICIPATED RESULTS) and the spine head diameter (Fig. 4g, column iii) will be unaffected. In addition, the inflated head volumes at bigger step sizes are not random but rather scaled upward, maintaining their rank among their peers. Thus, there is a highly significant correlation in spine volume for spines imaged at different step sizes. Fluorophore and laser power. Lucifer yellow is the most reliable and easy-to-use dye when injecting fixed tissue, and we have used it for over two decades 9 . The Alexa Fluor dyes, which have been used by other groups [23] [24] [25] [26] , are typically brighter, and because they come in a variety of colors with narrow excitation and emission spectra, they are a better choice in experiments in which double or triple labeling is desired. One slight drawback with the Alexa Fluor line is that they often fall out of solution, clogging the micropipette and preventing further microinjection. Please note that our investigation into the effects of imaging parameters in Figure 4 was done on cells injected with Lucifer yellow. If Alexa Fluor dyes are chosen for your experiment, it is of even greater importance to explore the parameter space in your own confocal system in order to make an informed decision about appropriate imaging parameters.
Once a dye has been selected and the parameters of imaging have been chosen, the laser power should be chosen as a careful balance between high power, which results in low gains, and low power, which prevents bleaching. Serial time-lapse imaging of the same dendrite should be used to evaluate the bleaching of the fluorophore in consecutive scans. Figure 5 shows the results from such an experiment. Five consecutive 2D scans (using the averaging, speed, pinhole and xy sampling parameters that would later be used in the study) were obtained at varying power settings (adjusting the gain so as to start at full dynamic range for each time series) and the Figure 5 | Bleaching rate as a function of laser power. Bleaching rate varies markedly among fluorophores and should therefore be determined empirically before imaging. Five consecutive 2D images were taken with 50 nm voxels, frame average of 4, speed of 2.5 µs per pixel and 1 AU relative pinhole diameter. The peak intensity of 3-5 individual spines from 2-3 time series per fluorophore was measured in the first and last frame in order to calculate the percentage bleaching. Note that slower bleaching rate is not necessarily an indication of a brighter fluorophore (where brightness is defined as photons emitted per molecule per unit time), and should therefore not be used as a factor in the choice of dye for microinjection. Rather, the bleaching rate should be determined in order to establish the optimal power for the chosen fluorophore and imaging parameters. Use a lower power (allow no more than 3-5% bleaching using the metric described here) if marked oversampling in the z-dimension will be used, and a higher power (allow up to 10% bleaching) if imaging at or near a Nyquist z-step optimal size. Animal use in this experiment was conducted with strict adherence to our Institutional Animal Care and Use Committee guidelines. LY, Lucifer yellow.
drop in fluorescence maximum intensity between the first and last scan was calculated for four fluorophores and plotted as a function of percentage of maximum power from our 30-mW Argon laser (for Lucifer yellow and Alexa Fluor 488) and 15-mW DPSS 561-10 laser (for Alexa Fluor 555 and Alexa Fluor 568). Generally speaking, a 10% drop in intensity between the first and last scan is acceptable for experiments in which the z-step size will be maintained at around Nyquist (250-350 nm); for experiments in which the step size will be optimized for optimal resolution (50-100 nm), the power should be chosen such that there is only a 3-5% drop. For example, we have used 25-30% excitation power for Lucifer yellow experiments optimized for speed and 10-15% excitation power in Lucifer yellow experiments optimized for resolution.
Using multiple fluorophores.
One of the great advantages of microinjection is that an experimenter can target specific populations of cells. In addition, multiple subtypes of cells can be labeled with different fluorophores, thus allowing for comparison between multiple cell types within a given circuit. For example, one can inject GFP-expressing cells in a D1-GFP transgenic mouse line with Alexa Fluor 555 and non-GFP containing cells with Alexa Fluor 488. But will the spines be comparable in size? Figure 6a shows a dendritic segment from a cell that was sequentially injected with Alexa Fluor 555, followed by Alexa Fluor 488. Images were taken of the same spines with the optimal excitation/emission for each dye using narrow band-pass filters to minimize cross-excitation/ emission. When using a pinhole diameter of 1 AU for each dye, there was a significant difference in head volume. However, if the pinhole diameter for the red dye was reduced to 0.88 AU, to match the physical diameter of the 1 AU pinhole for the green dye, then no significant difference in head volume was observed (Fig. 6b) . Therefore, Alexa Fluor 488 and Alexa Fluor 555 can be used in the same experiment as long as the pinhole is maintained at the same absolute diameter for both dyes, rather than at its size relative to airy units. The pinhole diameter should be decided by setting it to 1 AU for the shortest-wavelength fluorophore. If your experiment requires a different pair or more than two fluorophores, we recommend performing a similar analysis before selecting the appropriate imaging parameters. In general, we recommend not using Lucifer yellow in multiple dye experiments, as it has very broad excitation/emission spectra.
Controls for ensuring confidence in the data. The steps outlined in this protocol, including the systematic exploration of imaging parameters, should be carefully tested in your own system before beginning work on valuable animal tissue. If published ssTEM data are available in your model, then a comparison of your confocalgenerated data with the published size and density results can be useful in ensuring that your data are within the expected range (see ANTICIPATED RESULTS). However, please note that the only way to build complete confidence in the data generated with this protocol is to microinject cells, image using a confocal microscope and then photoconvert the dye for the use of ssTEM on the same dendritic portions. This will result in the direct identification of the correspondence between measurements with each method at the level of the single spine. The bottom panel shows the dendrite when the two labels are superimposed, with yellow representing voxels containing both dyes.
(b) Images of the same dendritic segments were taken with the same relative pinhole (diameter set to 1 AU for each respective dye) or with the same absolute pinhole size (setting the pinhole diameter to 1 AU for Alexa Fluor 488 and maintaining it at the same diameter for Alexa Fluor 555, which resulted in a 0.88-AU pinhole for the red dye). Individual spine head volumes were measured using NeuronStudio following appropriate deconvolution of each fluorophore. There was a significant 11% difference in spine head volume when the same relative pinhole diameter was used (paired t test, P < 1 × 10 − 5 ). No difference was observed when the physical diameter of the pinhole was kept constant (paired t test, P = 0.6). Each colored line represents the volume of an individual spine head, whereas the black line represents the average volume of all measured spines. Animal use in this experiment was conducted with strict adherence to our Institutional Animal Care and Use Committee. NS, nonsignificant; **, P < 0.01. 
MaterIals

REAGENTS
Experimental animals (e.g., mice, rats and monkeys) ! cautIon All experiments are to be conducted in accordance with ethical and safety guidelines of the relevant institutions and authorities. However, the use of small amounts of hydrochloric acid or sodium hydroxide to adjust the pH-which will produce small amounts of sodium chloride-will not affect tissue quality. Furthermore, we have found that sodium chloride only interferes with tissue quality during the fixation phases (perfusion and postfixation). . A stopcock valve must be used to separate the light fixatives from heavy fixatives. This allows a continuous flow of perfusates without stopping pump flow. Ensure that all air bubbles are removed from tubing lines before the animal is anesthetized. Commercial cannulas or blunted large-gauge syringe needles can be used for insertion into the left ventricle. Flow rates should vary according to species size. We routinely use 5 ml min − 1 in mice, 50 ml min − 1 in rat and 175-250 ml min − 1 in rhesus monkey. Microinjection setup A fixed-stage microscope equipped with an epifluorescent light source, one low-magnification objective (e.g., ×4), one highermagnification objective (×40 preferred) and placed on an air table. Currently, we use the following three upright microscopes; they are very different, but we have not established a clear preference: Nikon Labophot, Leica DMLFS, Olympus BX51WI. Both water-immersion objectives (preferred for good resolution) and air objectives (preferred for stability and long working distance) can be used. We use a tissue chamber assembled in the laboratory by using a 2 × 3-inch microscope slide epoxied with a 60 × 15-mm Petri dish bottom. In addition, a platinum wire is secured such that the ground wire (positive terminal of the current source generator) can be connected to the bath by an alligator clip. Manual micromanipulator should be stabilized to the table (e.g., via magnets). Angle of filling can vary, although we routinely use a 45° angle. The negative terminal of the current source generator should be connected to the dye-filled glass pipette attached to the micromanipulator via platinum wire. Microinjection glass capillaries Adjust microelectrode puller to yield micropipettes with highly tapered tips and resistance of 150-250 mΩ. Micropipettes should be pulled the same day as they are to be used.
nature protocols | VOL.6 NO.9 | 2011 | 1403
Glass slides with spacers Slides can be prepared in advance by gluing the appropriate number of spacers to make a well matched to the thickness of the section. Spacers are only available at thickness of 120 µm; therefore, for example, a section that is 250 µm thick will need two spacers stacked on top of each other.  crItIcal Spacers are necessary for highly accurate 3D measurements. Without them, the tissue will be compressed to about half its thickness by the weight of the cover slip, resulting in distortions in the z axis. Confocal system setup The microscope should be equipped with one low-NA objective for low-resolution images of whole cells and one high-NA objective (at least 1.2 and preferably 1.4 or above) for imaging spines. There is no difference in resolution between a ×63 and a ×100 objective if the NA is the same. The confocal laser scanning system needs to be optimized for each particular fluorophore used. Match the laser line to the excitation peak of the fluorophore (e. 555) . Match the dichroic beam splitter in front of the laser to the laser used (i.e., 458 dichroic for the 458 laser line and so on). Use an emission filter that will maximize the amount of collected photons. Generally, a long-pass filter is preferred over a band-pass filter unless multiple fluorophores are being imaged simultaneously or there is high background as a result of autofluorescence.  crItIcal There are a large number of commercially available fluorophores of different wavelengths with high quantum yields and good photostability, such as the Alexa Fluor Hydrazides and Cadaverines (Molecular Probes); thus, the most important criteria in choosing a fluorophore should be the specifications of the available laser lines and dichroic beam splitters. The Molecular Probes Handbook, 11th edition, available online at http://probes.invitrogen.com/handbook is an excellent general resource for all fluorescent applications. proceDure perfusion • tIMInG 20 min 1| Anesthetize the animal under study. ! cautIon Animals should be handled and anesthetized in accordance with your laboratory and institutional policies and regulations.
2| For large animals, such as monkeys, intubate and mimic respiration using an ambu bag to prevent anoxia. Continue the use of the ambu bag until the perfusion flow rate is initiated.
3|
Open the chest wall and pericardium to expose the heart. 4| Insert the cannula (or blunted large-gauge needle) from the end of the perfusion tubing into the left ventricle and quickly but carefully advance it into the ascending aorta. Once it is in the aorta, immediately cut the right atrium and start the perfusion with 1% (wt/vol) PFA in 0.1 M PB. For large animals, clamp descending aorta. When clear perfusate is observed from the right atrium, clamp the perfusion needle from the outside of the aorta with a hemostat.  crItIcal step The heart should still be beating when punctured. For best results, allow no more than a few seconds from insertion of cannula into left ventricle until starting the perfusion.
5|
Continue perfusion with 1% (wt/vol) PFA in 0.1 M PB for 1 min. 6| Switch to 4% (wt/vol) PFA with 0.125% (vol/vol) glutaraldehyde in 0.1 M PB and continue perfusion for an additional 12 min at the same flow rate.
7|
Carefully remove the brain from the skull.
postfix • tIMInG 2-24 h (most commonly 6-12 h) 8|
Place the brain in a container filled with the same fixative as the perfusate, i.e., 4% (wt/vol) PFA with 0.125% (vol/vol) glutaraldehyde in 0.1M PB, and place it on a shaker at 4 °C.  crItIcal step The ideal length of time for postfixation varies depending on the brain region, animal model and experimental objective, and it should be chosen empirically before the start of experimentation with valuable subjects. Once a good length of time has been found, do not vary it throughout the rest of the experiment. Use shorter times for cortical regions and for experiments that require filling all the way to the tips of large cells (e.g., cortical layer 5 cells). Use longer times for deeper structures (e.g., hippocampus) and for experiments in which the long-term storage of sections is desirable. We routinely use between 6 and 14 h of postfixation.
brain sectioning • tIMInG 20 min 9| Sub-block the brain to contain only the region of interest, with the cells in the desired orientation; for coronal sections, use a brain matrix.
10|
Mark one hemisphere by creating a small nick (e.g., with a scalpel).  crItIcal step Marking the slices allows the investigation of left versus right hemisphere difference. It also makes it easy to know which side was placed facing up during storage (the slice surface touching the plate well is sometimes hard to load).
11|
Glue the brain block onto the mounting plate of the vibratome.
12|
Place ice around the tray of the vibratome inset.
13| Screw the plate in place into the tray and add PBS until the brain block is covered.
14|
Section the brain into 200-400-µm-thick slices. To increase the amount of loadable tissue, section into thin slices when the brain region is very small; otherwise, use thicker sections for stability of tissue during microinjection.
15|
Using a brush, transfer the slices to a 6-, 12-or 24-well plate (depending on the size of sections) containing the preservative (0.1% (wt/vol) NaN 3 in PBS).  pause poInt The sections in well plates can be sealed using laboratory film (to avoid evaporation) and stored at 4 °C for months to years (see EXPERIMENTAL DESIGN).
Microinjection
• tIMInG 1-2 h 16| By using a brush, place a slice into a few milliliters of DAPI solution in a 30 × 10-mm Petri dish for 5 min at room temperature. This will enable the visualization of nuclei for identification of brain regions and/or specific cell types. This step can be skipped if the experimental tissue contains cells identified by other methods, such as virally transfected cells that express fluorescent markers, cells containing anterograde or retrograde markers or transgenic animals expressing various fluorescent proteins.
17|
Fill a prepulled micropipette with 2-5 µl of fluorophore using a pipette with an extra-long fine-tipped pipette tip; leave it in an upright secure place for a few minutes until the dye has settled with no air bubbles remaining at the tip.
18| Wash the section in a 100 × 20-mm Petri dish containing PBS.
19|
Using a brush, place the slice (surface to be microinjected down) onto dental wax.
20|
Place a small piece of filter paper onto the slice and wait for a few seconds for the slice to bind lightly to it.
21|
Place the filter paper with the slice stuck to it in the slice chamber and place a small weight onto the filter paper, away from the slice and the path of the electrode.
22| Add PBS to the chamber. If the objective to be used is a water-immersion lens, add enough liquid to fill the chamber. If the objective is an air lens, add just enough liquid to cover the slice.  crItIcal step Air objectives require the addition of 1-2 drops of PBS onto the slice every 5-10 min so that the tissue does not dry out.
23|
Place micropipette in the manipulator holder and with the microscope in a low magnification configuration in which you can see the slice (i.e., most commonly a dichroic filter allowing the visualization of DAPI) advance the tip until just a few micrometers over the slice.
24|
Switch to ×40 and keep advancing until the electrode just nudges the tissue.
25| Switch the dichroic filter to optimally visualize the fluorophore.
26|
Using only the diagonal movement axis and no current (movement in xy or z planes will bend and/or break the tip), slowly advance the tip of the electrode into the tissue.  crItIcal step If the tissue was prepared, handled and stored properly, dendrites in the path of the electrode will light up brightly at the instant the electrode touches them, and then they will almost immediately fade away as the electrode advances past them. If this is not observed and instead the dye is forming a fluorescent aura in the path of the micropipette, the tissue is not of good quality and it is best to start over (i.e., perfuse a new animal). Although a small number of cells can be loaded even in tissue of very poor quality, this will be an inefficient process that can take up to 10 times longer and produce only cells that are incompletely labeled. ? troublesHootInG 27| For blind filling (i.e., random filling of nonidentified cells), keep advancing the electrode until a cell body or large dendrite is impaled. To fill GFP-expressing or retrogradely labeled cells, advance the electrode toward a preidentified cell. In case of the latter, because only diagonal movements are possible, this might necessitate several in and out movements (i.e., pull out of the tissue; using an educated guess based on Pythagorean theory, move an appropriate amount in the xy and z planes while above the tissue, and then advance toward the cell again).  crItIcal step If cell morphology will be evaluated, it is important to inject cells as deeply as possible to minimize the extent of cut dendrites. In this case, it is sometimes a good idea to keep advancing the electrode past the first few cells encountered and only start 'looking' for a cell once the electrode is at least 30-40 µm below the surface. This will yield minimally truncated cells.
28|
Use very fine and gentle movements in the diagonal axis and with continual visual monitoring to microadjust the location of the electrode until the intensity of the dye in the impaled cell is either constant or slowly increasing (even in the absence of current).  crItIcal step Often the tip will recoil slightly on the release of the manipulator fine movement knob, which will be reflected in a slow decrease in the fluorescence intensity of the cell. In this situation, if the current is turned on, the dye will spread not only in the cell but also around it. Conversely, the electrode might need to be slightly retracted if it was originally a bit too far into the cell. This can sometimes be observed as a dimple in the membrane; it is also reflected in the lack of further spreading of the dye into the dendrites. In this case, switching on the current could either break the membrane on the other side and leak out or not fill the cell properly because the electrode tip is effectively 'corked', and thus a slight microadjustment backward is needed before the current is turned on. ? troublesHootInG 29| Turn on 1-2 nA of negative current and leave it on for 2-5 min while constantly visually monitoring the progress of the filling by focusing up and down and observing the intensity of the fluorescence in the tip of distal dendrites and spines.  crItIcal step The tip of the electrode can move slightly during filling, because of either manipulator drift or the pressure created by the ejection of the fluorophore. If the intensity of the dye stops increasing or if the background around the cell increases, readjust the position of the manipulator as in Step 28. ? troublesHootInG 30| When the distal tips of dendrites are filled, turn the current up slowly to about 10 nA for another 30 s to 1 min. When the background around the cell starts to obscure proximal dendrites, turn the current off and pull the micropipette out and away from the cell.  crItIcal step The most crucial element in obtaining the final high-resolution image of dendritic spines is the amount of dye present in the cell (see discussion of shot noise in box 1). For this reason, it is imperative to continue filling the cell slightly past the visually optimal point. Over time, the background fluorescence around the cell from this 'overfilling' will dissipate completely, yielding a final result with a very high signal-to-noise ratio. ? troublesHootInG 31| Move the stage/microscope so that the filled cell is out of view.
32|
Repeat Steps 26-31 until the area of interest contains cells to full capacity.
33|
Repeat Steps 16-32 for one or more slices per animal, as necessary.  crItIcal step For most studies, 5-10 cells per region of interest per animal constitute a sufficient sample size. To avoid oversampling, keep a running total of well-filled cells during microinjection and stop when you have reached ~15 cells. This will guarantee that at least 10 cells will be suitable for analysis and will minimize unnecessary effort. Depending on the size of the region and quality of the tissue, 1-4 slices will be used. The remaining slices can continue to be stored at 4 °C in accordance with step 15, allowing for potential future experimentation on archival tissue months to years later.
Mounting and cover slipping • tIMInG 10 min 34| Return filter paper with the slice to the Petri dish containing PBS.
35|
Use a brush to nudge the slice off the filter paper, being careful not to damage the area of interest.  crItIcal step Although it is not absolutely necessary to mount the injected slice immediately, we highly recommend doing so when possible. Small amounts of dye will leak out of the cells during prolonged storage in aqueous environments.  pause poInt The slice can be maintained in PBS at 4 °C for up to about 1 week.
36|
Place the slice on a glass slide with an appropriate number of spacers glued to it; for example, for a 250-µm section, stack two spacers on top of each other, which will build a 240-µm well (currently, spacers are only commercially available in a thickness of 120 µm). In general, if spacers cannot be matched to the exact thickness of the section, it is better to make the well slightly shallower than the section; if the well is deeper than the section, the brain slice will sink to the bottom and will be further away from the cover slip, thus resulting in a reduced depth to image.
37|
Use a Kimwipe to suction out excess PBS from around the slice by carefully touching the slice edges away from the area of interest.
38|
Let the slice air-dry for 1-2 min.  crItIcal step If you are using VectaShield mounting medium, prolonged drying increases the occurrence of air bubbles in the mounting medium during cover slipping.
39| Place 1-3 drops of mounting medium directly on the slice.
40|
Gently place the cover slip on the slice, but do not let it stick too much to the spacer.
41|
Check under a microscope to ensure that no air bubbles are located close to any cell. If air bubbles are found, remove the cover slip and repeat Steps 36-40.
42|
Using your fingernail, press all around the cover slip and secure it onto the spacer.
43|
Seal with nail polish.  pause poInt Properly fixed, loaded and cover-slipped tissue can be imaged up to several years after injections with no apparent loss of quality.
Imaging
• tIMInG 2-10 h 44| Take low-resolution images of each cell that was properly loaded (i.e., dye reached the tips of dendrites; example settings include 25× objective, 256 × 256 raster size, pinhole = 2 a.u., step = 3 µm, image average of 2, fastest scanning speed).  crItIcal step These images have to be of a sufficiently low resolution such that spines are not visible so as not to interfere with an unbiased approach to selection of the segments that will be used for high-resolution imaging. If the example settings above still produce images in which spines are resolvable, decrease the resolution by either switching to a lower magnification or lower NA objective; alternatively, reduce the raster size to, e.g., 128 × 128.  crItIcal step To avoid photobleaching the cell in this step, use low power and high gain (e.g., for Lucifer yellow, use 5% power and gain between 700 and 800 V).
45|
Mark all dendritic segments that will be imaged at high resolution. See Experimental design for how to choose segments.
46|
Switch to a high-NA objective.
47|
Find the first dendrite and place it in the middle of the field of view (cropping at the edge of the field of view can lead to an increase in optical aberrations). Using VectaShield mounting medium, correct cover slips (number 1.5) and a ×100 1.4 NA objective, you should be able to image dendrites down to about 80 µm below the cover slip. 
60|
Manually adjust the spines that are missed or incorrectly detected. ! cautIon NeuronStudio uses a locally computed threshold for manually detected spines, whereas automatically detected spines are measured using a global threshold computed along the dendrite. This discrepancy in thresholding results in values shifted toward larger sizes for manually added spines. Therefore, it is best to either perform minimal adjustments to the automatic detection or later to only include automatically detected spines in size analyses; all spines can be used for the spine density analyses. • tIMInG Overall timing required for a study will vary considerably with respect to the questions asked and the level of detail required. The times listed throughout the procedure are per individual animal, assuming that ~20 dendritic segments will be analyzed. For example, an experiment with three groups and eight animals per group will require 1 d of perfusion, an overnight of postfixation, 1 d of sectioning on the vibratome; this is followed by 7-10 d of microinjection, mounting and cover slipping. Alternatively, if all subjects cannot be perfused at the same time, try to balance groups on any given day; for example, perfuse six animals with two subjects from each group on 3 different days. If time is of the essence and imaging is optimized for speed, data can then be obtained in approximately 2 to 3 weeks (assuming ~20 dendrites per animal with 1-2 min z-stacks). If morphology, especially spine volume, is a priority, then the sampling and image acquisition should be optimized for image quality. Such an experiment might include ~50 dendritic segments per animal (allowing for basal versus apical and proximal versus distal dendritic spine comparisons) imaged for 10-15 min each, and would require a total of 4-5 months to complete. See table 1 for examples of parameters optimized for fast versus high-resolution imaging.
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antIcIpateD results Microinjection of fluorescent dyes followed by high-resolution confocal imaging, deconvolution and NeuronStudio analysis currently yields the most detailed neuroanatomical analysis aside from ssTEM. We have used the protocol described here in mouse, rat and monkey in a variety of brain areas. Notably, the models we have worked on have yielded highly diverse . In collaborative work with the Ledoux laboratory, using the parameters optimized for efficiency from table 1, we have found the spine density in the lateral amygdala in control male rats to be 2.3 ± 0.1 spines per µm based on 25,000 spines in six animals (D.D., Y.S. Grossman, R. Gonzaga, W.G. Janssen, J.E. Ledoux, J.H.M., unpublished observations). In a report from the same laboratory 42 , using animals from the same vendor and housed in identical conditions, the spine density in the lateral amygdala of three control animals was determined to be 2.2 ± 0.2 spines per µm using ssTEM (L.E. Ostroff, personal communication).
Although we have published extensively using our protocol (see INTRODUCTION), we have not previously worked in the model that has traditionally been most widely studied by ssTEM-the male rat hippocampus. Therefore, to illustrate the correspondence between data obtained with our methods versus the gold standard of ssTEM, we undertook a very detailed investigation of spine density and morphology in the male rat hippocampus, using the parameters optimized for resolution from table 1. Cells in the CA1 region of five perfusion-fixed adult male rats (350-450 g) were microinjected, and segments of oblique dendrites located 150-200 µm from the cell body layer were imaged (Fig. 7a) . A total of 23 segments were imaged and analyzed (supplementary Fig. 1) . NeuronStudio was performed fully automatically to ensure that all spines are measured using the same criteria. However, because NeuronStudio sometimes detects two spines as one and we did not want to bias data toward unusually large spines, all spines that had head volumes above 0.2 µm 3 were looked at individually in 3D. Out of 35 spines above this size cutoff, 32 were deemed to be individual spines and three were deleted because they represented more than one spine.
A total of 2,623 spines were detected and analyzed. Consistent with our expectations based on the ssTEM literature [43] [44] [45] [46] [47] [48] , spine densities are highly variable within each animal (Fig. 7b) , overall ranging between 2.76 and 6.83 spines per µm, with a mean of 4.33 ± 0.12 spines per µm. Spine head volumes range between 0.0001 and 0.53 µm 3 , with a mean of 0.037 ± 0.0008 µm 3 , and have an exponentially decaying distribution (Fig. 7c) . Although the upper portion of the range is consistent with findings from ssTEM (the biggest ssTEM-identified CA1 spine we could find in the literature 43 was 0.55 µm 3 ), the lower portion is below the smallest spines reported by ssTEM (0.003 µm 3 ; refs. [43] [44] [45] [46] , and it reflects the inaccuracy of measurements based on signal intensity when the object is below the optical resolution (see box 1, in which we show that the smallest resolvable object in our system is 0.0066 µm . Figure 7d ,e shows the distributions of spine head diameters (mean 0.258 ± 0.002 µm, range 0.068-0.696 µm) and spine maximum lengths (mean 0.932 ± 0.007 µm, range 0.21-2.64 µm).
Overall, our results are remarkably consistent with measurements reported in the literature [43] [44] [45] [46] [47] [48] . As can be immediately gleaned from Figure 8a , which is a graphical representation of our averages and ranges as compared with values from laboratories using ssTEM to study the same model, our measurements are unquestionably within previously reported ranges. However, our data were obtained in less than 1 week.
To further evaluate the ability of our spine morphological measurements to capture the same information as ssTEM, we evaluated whether or not our methods can discern small, circuit-specific differences. Katz et al. 46 used ssTEM to demonstrate that CA1 oblique dendrites in stratum radiatum have higher spine densities and bigger spine sizes close to their branch origin as compared with their tips. We therefore classified each of the 23 dendrites as representing the first third (dendrites A1ii, A1iv, A2iii, A2iv, A3ii, A4i, A5ii, A5v in supplementary Fig. 1) , middle third (dendrites A1i, A1iii, A2i, A2ii, A3iv, A4ii, 46 , our data show both an increase in spine density (Fig. 8b) and a shift toward larger spine volumes in the segments representing branch origins as compared with dendritic tips (Fig. 8c) .
Finally, on the basis of a recent report from the Chklovskii laboratory, we plotted the survival function of spine head volume as in a recent report by Mishchenko et al. 45 ( Fig. 8d) . In collaboration with the Chklovskii laboratory, using the same curve-fitting method as Mishchenko et al., the exponential decays of the spine head volumes for our five animals are as follows: 0.038, 0.092, 0.039, 0.039 and 0.055 µm 3 (T. Hu and D.B. Chklovskii, personal communication) with an exponential decay of 0.037 µm 3 calculated from ssTEM data 45 . In conclusion, we have developed highly efficient methods that for the first time offer the unique opportunity to acquire accurate measurements of spine volumes as a proxy for synaptic strength and spine plasticity using fluorescent microscopy. This approach will be useful across a broad spectrum of investigations aimed at determining the synaptic basis for alterations in behavior.
Note: Supplementary information is available via the HTML version of this article.
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